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1. Introduction

Humans have been benefiting frommicrobial biotechnology long before knowing the existence
of microorganisms. Written record has shown ancient Egyptians and Mesopotamians brewed
beer some 6000 year ago. The principle of today’s microbial biotechnology is not much differ-
ent from ancient crafts: that is, to produce valuable products through microbial metabolism.
With ever improving understanding of microbial physiology and new tools of manipulating
microbial metabolism, modern microbial biotechnology has progressed and expanded to new
fields of application. Natural products of microorganisms, like penicillin and ethanol, have de-
veloped into established industrial goods. Metabolic engineering has enabled us to produce
heterologous compounds throughmicrobial cultures. In some cases, microbial cultures are the
only currently available sources of biochemically complex products, likemost enzyme products
and bioactive compounds. In some other cases, microbial biotechnology provides more sus-
tainable production processes than extracting chemicals from natural plant or animal sources,
or refining from fossil fuels.
Extensive knowledge has been accumulated on terrestrial microbial physiology and metabo-

lism, most of which is concentrated towards a few classic species of bacteria and fungi. New
microorganisms are still being discovered in all terrestrial environments. The vast aquatic
sphere, however, was relatively neglected by the biotechnology industry, until recently. There
are areas of popularity related to aquatic microorganisms. For example, microalgae from both
fresh water and marine habitats have been investigated for the potential of producing lipids as
biofuel precursors [1]. Considering the great diversity of microorganisms in the aquatic eco-
system, the potential of new bioprocesses involving aquatic microorganisms cannot be over-
stated. However, the industrial process development of most aquatic microorganisms may
have been discouraged by the lack of understanding of their physiologies.

1.1 Microorganisms in aquatic ecosystems

It is commonly accepted that microorganisms account for most of Earth’s phylogenetic diver-
sity [2]. They have remarkable adaptability to each local environment on the planet, and indeed
have been found in all environmental conditions, including climate extremes [2]. Microorgan-
isms in aquatic environments are essential nodes of the global ecosystem [3]–[5]. From the
ecological point of view, they can be roughly categorised into primary producers, scavengers
and lithotrophs, who are independent from the primary production or solar energy.
The microbial primary producers of aquatic ecosystems power the ecological networks with

energy and organic carbon. They include both prokaryotes and eukaryotes. The simplest form
of photosynthetic metabolism can be found in cyanobacteria, also known as blue-green algae.
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They are the biggest group of bacteria in terms of population and are believed to be responsible
for shaping the oxygenated atmosphere as we know it [6]. In terms of evolution, eukaryotic
microalgae emerged later than cyanobacteria. And the eukaryotic organelle that conducts pho-
tosynthesis, the chloroplast, shares similarities with cyanobacteria. It is believed that microal-
gae acquired the organelle through endosymbiosis of cyanobacteria [7]. Some protozoans, like
Euglena gracilis, can also grow photoautotrophically by photosynthesis. The fact that the E.
gracilis chloroplast has three layers of membranes (instead of two in eukaryotic microalgae)
around it, suggests secondary endosymbiosis happened [7], [8]. Together withmacroalgae, the
photosynthetic aquatic microorganisms are responsible for half of global photosynthetic car-
bon dioxide fixation [9]. On land, photosynthesis is mostly performed by higher plants.
Aquatic scavengers recover and recirculate nutrient elements. They are represented by all

domains of cellular life: Bacteria, Archaea and Eukarya. Bacteria are the most frequently
identified in water samples [6]. The ability of bacteria from both fresh water and salt water to
hydrolyse macromolecules has been studied by many researchers [2]. Archaea are often found
in extreme habitats. Evidence has shown that extreme halophilic archaea grow in concentra-
tions of NaCl greater than 9% and many can grow in saturated NaCl solutions (35%) [6]. Eu-
karyotic protozoans can feed by phagocytosis. Fungi, relying solely on osmotrophy, are often
found in nutrient rich environments [10]. It was once believed that no fungi exist in the nutri-
ent poor oceans. The first marine fungus was only documented in the 1850s, and that was a
parasitic species [11]. Now many opportunistic and obligate marine fungi have been docu-
mented [4], [12]. Depending on the condition, some aquatic scavengers can also live as symbi-
onts or parasites, though whether parasitic archaea exist is unclear [13].
Seemingly independent from the surface water ecosystem, there are microbial consortia

found at the geothermal vents and cold seeping areas of the ocean floor. They are mostly
chemolithotrophic archaea and bacteria [14], [15]. These microbes oxidise hydrogen, methane
and other inorganic compounds to gain energy.
The taxonomy of aquatic microorganism is constantly evolving, because many new species

are still being discovered, and many classifications are considered debatable [16]. Tradition-
ally, marine microbiology is often studied separately from fresh water microbiology [6]. Here
in this thesis, aquatic microorganisms are grouped into two trophic modes: photosynthetic
aquatic microbes and non-photosynthetic ones, since the industrial applications of the two
groups often have different emphases. It has to be stated that some aquatic microorganisms
can cause harm to human health, aquaculture or shipping vessels. The thesis will only discuss
the beneficial applications of aquatic microorganisms, from producing major cell components
to secondary metabolites, from photosynthesis to hydrolytic activities.

1.2 Industrial interest of aquatic microorganisms

Owing to the capabilities of using sunlight as energy source and often accumulating certain
compounds to large proportions of their cells, photosynthetic microorganisms are considered
as promising platforms for producing compounds in bulk. It would be also economically viable
to produce compounds of high market value at relatively low productivities from photosyn-
thetic microorganisms. In contrast, non-photosynthetic aquatic microorganisms can only con-
vert organic compounds from one form to another. Since they have to adapt to specific forms
of energy sources, they may produce diverse and unique metabolites, secondary metabolites
and hydrolytic activities, which can find potential applications in industrial biotechnology.
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1.2.1 Industrial relevant cellular components of aquatic microorganisms

Photosynthetic aquatic microbes are widely distributed in nearly all water bodies, and compar-
ing to the rest of the aquatic microbes, they are the better known group. Planktonic photosyn-
thetic microbes and even the biofilm communities, living in often moving waters, have little
control of their nutrient availability, and the energy source for photosynthesis (sunlight) is al-
ways supplied discretely. Rarely is nutrient provision in the nature balanced for optimal growth
of photosyntheticmicrobes. For example, nitrogen sourcesmay be absent during the day, when
the microbes can fix CO2 through photosynthesis. In order to cope with the fluctuation of nu-
trient availability and tomaximise the utilisation of available nutrients,manymicrobial species
accumulate lipids or carbohydrates as carbon and energy storage, when certain other nutrients
are not available for cell growth and division, but photosynthesis or other carbon assimilation
pathways are permitted. The stored carbon and energy can later be used for cell growth and
division, when the previously lacking nutrients become available. Many microalgae can accu-
mulate nitrogen or phosphorus rich compounds too, for the same physiological reason.
The ideal carbon and energy storage compound should be nitrogen and phosphorous free,

having high energy density (highly reduced), and water insoluble (not to interfere with the cel-
lular metabolism). For most microalgal species, the carbon and energy storage compounds of
choice are neutral lipids, such as triglycerides [17]–[19]. Some genera of microalgae are re-
markably oleaginous, such as Chlorella, Botryococcus, Chlamydomonas and Nannochlo-
ropsis. Some species have to accumulate up to 70% of the dry biomass as triglycerides, in order
to survive the drastic fluctuation of nutrient availability [20]. Oil droplets in the cells can in-
crease to sizes visible under opticalmicroscopes. These triglycerides can be converted to diesel-
like fuels by a few steps of chemical reactions [21]. Since photoautotrophic cultivations of mi-
croalgae consume CO2, large-scale algae cultivations have the benefit of mitigating CO2 emis-
sion [21].
Another storage compound found in the protozoan Euglenophyta, such as E. gracilis, is a

linear ß-1,3-glucan, called paramylon. It serves the same physiological functions as triglycer-
ides in oleaginous microalgae. The water insoluble ß-1,3-glucan forms crystals in discrete
membrane bound granules in E. gracilis cells [22]. Paramylon can accumulate to more than
80% of the total cell dry biomass in cells grown heterotrophically with over-supply of organic
carbon source [23], [24]. Similar to other beta-glucans, paramylon has been proven to have
anti-tumor [25], [26] and anti-HIV [27] activities. So paramylon production from E. gracilis
has been investigated for its applications in the fields of health and nutrition [28]. Further-
more, the paramylon glucan fibre can also be dissolve in formic acid and cast into films [29].
As a carbohydrate, paramylon is less reduced than lipids, hence having less energy density than
the same carbon equivalent of triglycerides. Therefore, there has been no interest in directly
converting paramylon to biofuels yet. On the other hand, the not so strongly reduced paramy-
lon can serve as electron acceptor for cellular metabolism when E. gracilis cells are subjected
to anaerobic condition. This allows E. gracilis to survive in potential low oxygen environment
(at least for a while). In anaerobic conditions, E. gracilis paramylon is reduced to wax esters,
which have higher energy density than paramylon. So, wax ester can be counted as another
carbon and energy storage compound of photosynthetic microorganisms. These esters are
composed of medium chain fatty acids and fatty alcohols, with the major constituents being
myristic acid and myristyl alcohol (C14) [30], [31]. Compared to the above mentioned triglyc-
erides forming fatty acids (C16 and C18), E. gracilis wax esters have lower freezing point, and
are better suited for drop-in jet fuel [30].
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Besides the storage compounds, other cellular components of photosynthetic microorgan-
isms have potential industrial and/or medical applications. Sources of such cellular compo-
nents are species-specific, and their commercialization potential is heavily dependent on the
market value of the target compounds. In general, photosynthetic microorganisms can be the
source of polysaccharides, pigments and bioactive compounds [32]. The red alga Galdieria
sulphuraria produces phycocyanin, a natural blue pigment and food additive [33], [34]. E.
gracilis does not accumulate triglycerides for energy storage, but the cells contain lipids for
cellular metabolism. The fatty acid profile of E. gracilis features a high content of polyunsatu-
rated fatty acids (PUFAs), including the highly desired -linolenic (ALA), eicosapentaenoic
(EPA) and docosahexaenoic (DHA) acids for human and animal nutrition [35], [36]. -To-
copherol, the most bioactive form of vitamin E is also present in E. gracilis biomass [37]. As a
photosynthetic organism, E. gracilis also contains phytol, a C20 diterpenoid associated with
chlorophyll. Phytol has been used to produce synthetic vitamin E, but it and its derivatives have
other pharmacological properties of interest to the health industry [38]. The unique cell wall
(pellicle) of E. gracilis is mostly composed of protein, making E. gracilis biomass more digest-
ible than most microalgae, which are protected by non-digestible oligosaccharides [39], [40].
Around one quarter of the cell biomass may be protein, this makes E. gracilis also a potential
source of single cell protein [39]. A schematic representation of a typical metabolic network of
photosynthetic microorganisms is presented in Figure 1.

Figure 1Metabolic pathway network of typical photosynthetic microorganisms converting light energy and chemical
energy (carbohydrates as example) to compounds of interest. Proteins, assembled from amino acids with various
origins, are not shown. PUFA: poly unsaturated fatty acids; TAG: triglyceride.

In addition to the cellular components of aquatic microbes that can be produced in bulk, com-
pounds found in their cells at low quantity may have important roles in biotechnology too.
Though often produced at very low quantity, secondarymetabolites may have bioactivities that
are usually not found in primary metabolites. The search of novel bioactive compounds initi-
ated many screening projects, aiming to identify new bioactive compounds from new strains
of aquatic microorganisms. In recent years there has been increasing interest in the secondary
metabolites and bio-active compounds produced by marine fungi [12], [41]. The initiatives to
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increase exploitation of marine resources have led to an increase in the isolation of these fungi
and screening for novel compounds [42]. A macrocyclic polyester having potent antifungal ac-
tivity was identified from marine fungus Hypoxylon oceanicum [43]. The strain Calcarispo-
rium sp. KF525 has been shown to produce a group of macrocyclic polyesters: calcaride-A, B,
C, D and E, which have antibacterial activities [44]. The same research group found Cal-
carisporium sp. also displayed antifungal activities through the production ofmacrocyclic pep-
tides, calcaripeptides-A, B and C [45]. Parasitic species of Calcarisporium sp. are also known
to produce various bioactive compounds [46]–[49]. Bartalinia. robillardoides [50], [51], Pes-
talotiopsis species [52] and Penicillium. pinophilum [53], [54] have been documented for pro-
ducing secondary metabolites, such as taxol and various azophilones.

1.2.2 Hydrolytic activities from aquatic microorganisms

The potential biotechnological applications of aquatic microorganisms are not limited to
cellular metabolites, as living metabolic and catalytic machineries, aquatic microorganisms
may have biochemical functions that can be explored by bioprocess industries. Like their
terrestrial relatives, aquatic bacteria, fungi and maybe archaea produce a wide range of
hydrolytic enzymes. These enzymes may possess highly desirable properties in process
industry, such as high salt tolerance or alternative temperature or pH optima [55], [56]. The
aquatic environments provide microorganisms with substrates which differ considerably from
soil and plant environments. For example, macroalgae (seaweeds) contain not only
compounds like cellulose and xylan, but also a range of polysaccharides generally not observed
in terrestrial organisms, such as alginate, agar, carrageenan, ulvan, and fucoidan, many of
which are sulphated. Evidence has shown that some marine fungi [57]–[59] and bacteria [60]
can degrade macroalgae biomass, as one would expect. Marine fungi that have been screened
for enzymatic activities have been found to produce diverse activities [12]. Of the enzymes from
marine fungi which have been studied, cellulases, xylanases and peroxidases have received the
most interest [12]. Some of the enzymes identified have unique properties of cold [61], salt
[62], alkali [63] or acid [64] tolerance.

1.3 Current state of bioprocess development of photosynthetic
microorganisms

Photosyntheticmicroorganisms have received considerable attention in recent years as sources
of renewable fuel and chemicals. In favourable conditions, the photosynthetic productivity of
unicellular microorganisms can be higher than or as good as agricultural crops on a per acre
basis [65]. Microalgal cultivations do not necessarily competewith agricultural land use.Many
species ofmicroalgae can accumulate a high proportion of energy rich storage compounds [18],
[65]. However high photosynthetic productivity and high storage compound proportion may
not be achieved simultaneously [66], [67].
Physiological mechanisms of storage compound accumulation by photosynthetic microor-

ganisms were discussed in sub-chapter 1.2.1, achieving high photosynthetic productivity (high
growth rate and biomass titer) in cultivations relies on physics and engineering in addition. As
individual organisms, unicellular microalgae and cyanobacteria essentially use the entire or-
ganisms to conduct photosynthesis, and can divide every few hours [68]. In comparison, only
certain organs of higher plants perform photosynthesis, and plants take days to years to repro-
duce. In photoautotrophic microalgal cultivations though, most cells would not be in the opti-
mal condition that would allow them to grow at the maximum specific growth rate. The cells
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inevitably shade each other from light sources. The difficulty to provide light to all cells often
means photoautotrophic cultures of microalgae cannot reach a high cell density. This is espe-
cially true in large-scale open cultures, which are almost solely relying on solar irradiation on
the surfaces of the ponds or raceways [69]. Various designs of closed photobioreactors can
improve the light provision for photoautotrophic microalgal cultivations [69]–[71]. Reducing
the light path of photobioreactors can avoid dark zones of the cultivation systems. By using a
14 mm light path flat panel reactor, Cuaresma et al. achieved a volumetric productivity of 0.5
g dry Chlorella sorokiniana biomass per litre per hour [72]. Photobioreactors in tubular forms
have been also designed for having short light path, and high surface to volume ratio. A pilot
scale helical-tubular photobioreactor has been shown to continuously produce up to 3.03 g dry
Nannochloropsis sp. biomass per litre per day [73]. Improved distribution of the light sources
would also improve the light provision for cells in photobioreactors. Internally illuminated col-
umns and optic fibre have been incorporated in some photobioreactor designs, but these de-
signs have not generated significant improvement of cell density and productivity yet [74]. In
general, high cell densities comparable to typical bacterial fermentations have been rarely
achieved in photoautotrophic cultures (Table 1) [69]–[71].
One consequence of the often very low cell density generated from photoautotrophic cultiva-

tions of microalgae is the subsequent high cost of harvesting the algal biomass from the dilute
suspensions by centrifugation or membrane filtration. Flocculation needs the addition of floc-
culants, such as aluminium sulphate and ferric chloride, but the process is much less energy
intensive comparing to centrifugation or filtration [75]. Some motile species of photosynthetic
microorganismsmove towards or away from certain environmental conditions. Green light has
been found to stimulate E. gracilis cell aggregation, and can be applied as a harvesting strategy
[76]. Increasing the cell density of microalgal cultures would also reduce the harvesting cost.
The physics of light dictates the limit of cell density in photoautotrophic cultures, while het-
erotrophic cultures do not rely on light, hence can reach much higher cell densities [77]. Many
microalgal species can metabolise various organic carbon sources even in the presence of light
[37], [78]–[81]. Higher biomass concentrations and growth rates have been achieved in het-
erotrophic and mixotrophic (photoheterotrophic) conditions [37], [78]–[81]. Liang et al. com-
pared the Chlorella vulgaris growth under photoautotrophic, mixotrophic and heterotrophic
conditions in aerated bottles. Mixotrophic and heterotrophic cultures with glucose, acetate or
glycerol generated 4 to 6 times more biomass than photoautotrophic cultures in the same con-
ditions [81]. G. sulphuraria has been cultivated to cell densities greater than 100 g L-1 in glu-
cose fed-batch cultivations [82]. It should be noted that heterotrophic microalgal cultures can-
not claim the credit of using free substrate, CO2. If the organic substrates for microalgal culti-
vation come from waste streams, the techno economic evaluation would be more favourable.
Combining waste water treatment and microalgae cultivation has been an active area of re-
search, as it would reduce the cost of both processes [83], [84]. Bhatnagar et al. isolated mix-
otrophic strains of Chlamydomonas globosa, Chlorella minutissima and Scenedesmus bijuga
from industrial waste waters, and these strains grew well on poultry litter extract [85]. How-
ever, not all microalgae species can grow heterotrophically. A strain of Scenedesmus obliquus
was proven not able to grow on glucose in my experiments (unpublished results).
For the production of energy storage compounds (often triglycerides), in addition to high

growth rate and high cell density, another desirable criterion is that the microalgal cells also
accumulate high amount of the storage compound. Unfortunately, the conditions that promote
energy storage (such as nitrogen starvation), would reduce the growth rate and cell density.
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Failing to consider all the variables often leads to overestimation of lipid productivity at large-
scale. That is most likely why several high profile investments inmicroalgal biofuels during the
last decade failed [86]. In continuous photoautotrophic cultures of Neochloris oleoabundans
with excess light absorption and growth-limiting nitrogen supply rates, Klok et al. continuously
produced algal biomass containing 12.4 % lipids [87]. However, they also observed significant
loss of light energy through dissipation under nitrogen limitation. For the species of Scenedes-
mus, shifting the cultivation temperature below the optimum for growth increased the lipid
proportion of the biomass, while the growth rate did not reduced too much [88]. Yeh and
Chang compared the Chlorella vulgaris growth and lipid accumulation in autotrophic, hetero-
trophic and mixotrophic conditions, and concluded that mixotrophic cultures generated the
highest cell density and lipid content [89]. A systems biology approach has been used to iden-
tify themetabolic regulation for energy storage inNannochloropsis gaditana [90]. By decreas-
ing the expression of a single transcriptional regulator, Ajjawi at al. doubled the lipid content
(to ca. 75 % of total organic carbon) of N. gaditana without sacrificing the growth rate [90].
Metabolic engineering has been applied to several other oleaginous microalgal species (e.g.
Chlamydomonas reinhardtii [91], Thalassiosira pseudonana [92] and Phaeodactylum tricor-
nutum [93]) to achieve simultaneous fast growth and high lipid content.
The interests of producing paramylon as immune stimulating agent and wax ester as biofuel

precursor have encouraged the development of cultivation processes of E. gracilis. In hetero-
trophic cultures of E. gracilis, oversupply of glucose has be shown to increase the paramylon
synthesis by fivefold [94]. In photoautotrophic cultivations, increased photosynthetic effi-
ciency can lead to increased carbon and energy supply for paramylon and wax ester synthesis.
This was achieved by the expression of cyanobacterial fructose-1,6-/sedoheptulose-1,7-
bisphosphatase in E. gracilis [95].
Cellular components, other than storage compounds, usually do not accumulate to a high

proportion of the cell dry weight. The cellular components and their synthesis mechanisms are
species and strain specific. G. sulphuraria cells can accumulate phycocyanin to over 2% of cell
dry weight [82]. When stressed with carbon-limited and nitrogen-sufficient condition, G.
sulphuraria cells containing 2.8% were produced in a mixotrophic continuous culture at the
dilution rate of 0.63 d-1 [34]. In the case of E. gracilis, light is reported to affect the production
of carotenoids, polysaccharides, fatty acids and bioactive molecules. The presence or absence
of light affects the cell composition of E. gracilis, so that mixotrophic growth is an important
field of E. gracilis research [23], [96]–[100]. Some of the cellular components are only formed
in light, and the formation of some other components (e.g. PUFAs) is enhanced by light [101],
[102]. Recent studies have shown how the provision of light or organic carbon affects
production of lipid-soluble cellular components such as -tocopherol [37], [103] and
unsaturated fatty acids [104]. E. gracilis is considered to be a promising candidate for
development of a photosynthetic biorefinery [23]. Companies, like Euglena Co., Ltd and
Algaeon Ltd, are now producing E. gracilis biomass and pure -1,3-glucan for the food and
feed applications. Table 1 summarises the relevant process parameters of the cultivation
process discussed.
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Table 1. Products and processes of photosynthetic aquatic microorganisms

Species Product Reactor
type

Culture mode Cell density
(g L-1)*

Proportion of
product
(% biomass)

Productivity
(g L-1d-1)

Ref.

C.
protothecoides

Lipids CSTR# Heterotrophic
fed-batch

51.2 50.3 3.68 [105]

Chlorella
sorokiniana

Biomass Flat panel Autotrophic,
continuous

2.1 NA 12 [72]

Chlorella
vulgaris

Lipids CSTR Autotrophic
batch

0.25 38 0.004 [81]

Heterotrophic
batch

1.21 23 0.035 [81]

Mixotrophic
batch

1.70 21 0.054 [81]

Mixotrophic
batch

3.2 53 0.14 [89]

Nannochlorop
sis sp.

Biomass Helical-
tubular
photo-
bioreactor

Autotrophic,
continuous

350 × 106

cells ml 1
NA 3.03 [73]

Neochloris
oleoabundans

TAG Flat panel Autotrophic,
continuous

1.43 12.4 0.046 [87]

Galdieria
sulphuraria

Phycocyanin CSTR Heterotrophic
fed-batch

109 2.7 0.473 [82]

E. gracilis Paramylon CSTR Autotrophic
batch

3.2 22.8 0.073 [23]

Heterotrophic
batch

>10 ~80 ~0.8 [23]

-Tocopherol Jar reactor Heterotrophic
fed-batch

39.5 0.12 0.0025 [37]

*Cell densities are sometimes presented as cells per volume
#CSTR: continuous stirred tank reactor

1.4 Industrial potential of non-photosynthetic aquatic microorganisms

If the industrial biotechnology of photosynthetic microorganisms is still in the infant stage,
then the industry and process of non-photosynthetic aquatic microorganisms are just taking
the first steps. There have been many successful discoveries of bioactive compounds fromma-
rine sponges in the past decades. Recent experimental evidence suggested that many of the
compounds are produced by the microbial symbionts [106]. Despite being at an early stage,
novel metabolites from bacteria and fungi isolated from aquatic habitats have come into focus
for drug discovery, and further bioactive compounds are rapidly being discovered [106]. How-
ever, only a few marine derived drugs have been approved for human therapy so far. The first
success story was the anticancer compound, cytarabine or Ara-C [107]. It was approved in
1969, and it is a synthetic analogue of the native compound of marine sponge Tethya crypta
[107]. The reality that most of the bioactive compound discoveries from aquatic microorgan-
isms have not lead to production processes can be partly attributed to the difficulty of cultivat-
ing most aquatic microorganisms. Following their discovery, trace amounts of compounds,
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used in high throughput screening, are often insufficient for further assessment or develop-
ment. Similarly, to comprehensively examine the hydrolytic activities of aquatic microorgan-
isms, at least lab-scale bioreactor cultivations are needed to generate grams of samples [41],
[108]. Several products frommarine fungi have been successfully scaled up in stirred bioreac-
tors (e.g. aspergiolide-A [109], compound 1403C [28], scopularide-A [110], pigments [111]).
Laccase was produced from lab-scale cultivation of a halotolerant marine-derived fungus, Pes-
talotiopsis sp. J63 [112]. It is also possible to use crude extract of aquatic microorganisms as
catalysts in bioconversion. For example, a Alteromonas sp. extract was used to hydrolyse ul-
van, a 3-sulfated rhamnoglucuronan [113]. Understanding the physiology of themicrobial pro-
ducer is essential for successful production scale up, even at lab-scale.

1.5 Physiology and metabolism of the studied aquatic microorganisms

The previous sub-chapters have touched the subject of the cellular components and cultivation
processes of some aquatic microorganisms from a broad perspective. In this sub-chapter the
physiology and metabolic activities of the aquatic microorganisms used in this thesis are dis-
cussed in more detail.
The green alga C. protothecoides (also known as Auxenochlorella protothecoides) is one of

the most studied model microalgal species for lipid production [18]. It grows fast and can ac-
cumulate up to 55% of cell dry weight as lipids [18]. For this reason, it is selected in this study
for cell growth and lipid production related physiological characterisation. The genome of C.
protothecoides has been sequenced and used to generate genome-wide metabolic model [114].
Such metabolic models were used to explain the increased metabolic fluxes of lipid synthesis
in C. protothecoides during nitrogen limitation [115]. Though being a model organism and
widely used in microalgal cultivation processes, C. protothecoides has not been extensively
metabolically engineered, which indicates the lack of availablemolecular tools [116]. As a green
alga, C. protothecoides has a rigid cell wall consisting of a polysaccharide and glycoprotein
matrix, which is difficult to degrade [117].
E. gracilis is a protozoan. Phylogenetically, it sits in-between animals and plants. As it has

been increasingly studied for photosynthetic growth as a single cell organism, it has been oc-
casionally referred as amember of microalgae [118]. It is motile and flexible, thanks to the “cell
wall” made of flexible protein structure, pellicle. Pellicles are combinations of multiple inter-
acting linear striped protein structure in a lipid bilayer [119]. E. gracilis cells contain significate
portions of lipids for metabolic functions. Lipids are not the storage compounds of E. gracilis,
so much of the lipids extracted from E. gracilis would be derived from phospholipids of the
cell and organelle membranes [79], [120]. E. gracilis lipids are expected to be mostly polar,
with only 11.0 – 18.0 % of the lipids being triglycerides [120]. Together with the previously
mentioned paramylon and wax ester, many E. gracilis cellular components are potential bio-
process products. Recently (2017) the genome of this organism was published, but there has
been no metabolic engineering study published [121]. The knowledge gained from genome-
wide metabolomics and transcriptomic studies of E. gracilis would help to establish this
aquatic microorganism as a biorefinery platform.
Fungi frommarine environment in general are less investigated compared to other groups of

aquatic microorganisms. Six marine fungal strains (Calcarisporium sp., Scopulariopsis
brevicaulis, Tritirachium sp., Penicillium pinophilum, Bartalinia robillardoides and Pestalo-
tiopsis sp.) were studied in this thesis. Calcarisporium species are usually mycoparasites or
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symbionts of higher fungi [122]. There has been interest of inhibiting Calcarisporium sp.
growth in the mushroom industry [123]. With the discovery of the antibacterial macrocyclic
polyesters (calcarides, A-E) [44], one would also be interested in promoting the growth of Cal-
carisporium sp. to produce these bioactive compounds. P. pinophilum, like other penicillia, is
a known producer of bioactive metabolites [53]. Furthermore, enzymes involved in the degra-
dation of lignocellulosic biomass have been identified from various isolates [124], [125], and a
gene encoding a dextranase was cloned from amarine isolate [126]. The potential of these ma-
rine fungi strains as production hosts in industrial biotechnology is depending on their growth
character and their novel bioactivities.

1.6 Aim and scope of the study

Aquatic microorganisms represent resources with unique physiological properties and genetic
diversity for industrial biotechnology. It is easy to agree that there is great potential to be real-
ised in the application of aquatic microorganisms. Increasing amount of research and produc-
tion efforts have been invested in the so called “blue biotechnology”. However, only a small
number of studies have focused on bioprocess development of aquatic microorganism. To fully
materialise the potential of aquatic microorganisms, several hurdles remain, which have been
slowing down the progress of bioprocess development of aquatic microorganisms in the whole
spectrum of technology readiness:

o For the most investigated storage compounds production from photosynthetic
microorganisms, efficiently suppling energy (light and/or organic carbon) to
promote both growth and compound accumulation at industrial scale is still a
big challenge. Unrealistic estimations of projected productivity have already led
to failed investments. The danger is that such negative examples may deter fur-
ther investment into microbial blue biotechnology in a whole. While organic
carbon sources can be used to supplement some phototrophic cultivations of
aquatic microorganisms, a realistic scenario of converting sun light to energy
rich storage compounds needs to be established.

o For cellular components that are not storage compounds of aquatic microor-
ganisms, most research projects often stop after successful identification of the
compounds. The process industry would needmore information to develop pro-
duction strategies. The relationship between cellular composition and the cul-
tivation conditions is not fully understood for many promising organisms.

o For identifying novel hydrolytic activates of aquatic microorganisms, genome
based screening methods are still not completely reliable. Cultivation of some
aquatic microorganisms can provide direct evidence of hydrolytic activities, but
the cultivation conditions need to be carefully selected to obtain meaningful re-
sults.

At all levels of technology readiness, the lack of crucial process relevant physiological
knowledge of aquatic microorganisms has been holding back the realisation of the industrial
potential of many aquatic microorganisms. Some model organisms have been studied inten-
sively by biologists. But even for these model systems, some critical physiological information
relevant for the bioprocess development perspective is still not clearly laid out. The aim of this
thesis is to characterise the physiology of several aquatic microorganism from the bioprocess
point of view. The obtained process relevant physiological knowledge can be directly applied
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to improve or establish bioprocesses of the organisms studied. Successful results would en-
courage more aquatic microorganisms to be examined through the lenses of bioprocess devel-
opment.
To achieve the goal, this research applied various cultivation strategies to the cultivation of

aquatic microorganisms in lab-scale bioreactors. The results contribute to the understanding
of the physiology of several promising aquatic microbial species, from the perspective of po-
tential industrial exploration. I used a combination of screening and rational characterisation
strategies, aiming to highlight the enormous potential of bioprocess development of still unfa-
miliar aquatic microorganisms and inspire future R&D investment. The selected approach has
a lower throughput comparing with the typical screening research, but based on a stepwise
physiological characterisation of the organisms in different conditions, it provides more infor-
mation for process development. Particular interests were paid to products including lipids,
protein and other chemicals from microalgae, and novel hydrolytic enzymes and bioactive
compounds from marine fungi.
Neutral lipid production from a green alga, C. protothecoides, was analysed in various levels

of nitrogen limiting conditions. Another photosynthetic aquatic microorganism, E. gracilis
was studied in more detail in terms of cell composition in response to cultivation conditions.
Six marine fungi (Calcarisporium sp., S. brevicaulis, Tritirachium sp., P. pinophilum, B.
robillardoides and Pestalotiopsis sp.) were characterised for hydrolytic enzyme production.
The production of an anti-bacterial macrocyclic polyester, calcaride-A, from Calcarisporium
sp. was studied in more detail.
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2. Materials and methods

The most relevant technical details of the work are presented here. More detailed information
is available in the original papers.

2.1 Strains

The strains investigated in this thesis are listed in Table 2. Among them, Chlorella protothe-
coides and Euglena gracilis are fresh water species while the others were isolated frommarine
environment. All organism have been obtained from public repositories.

Table 2 The aquatic microorganisms strains investigated in this research, with the sources, taxonomic information
and the cited publications

Strain Source Subdivision Publication

Chlorella protothecoides SAG 211-7b SAG Chlorophyta II

Euglena gracilis NIES-48 NIES Protozoan I

Calcarisporium sp. KF525 GEOMAR Filamentous fungus III, IV

Scopulariopsis brevicaulis LF580 GEOMAR Filamentous fungus IV

Tritirachium sp. LF562 GEOMAR Filamentous fungus IV

Penicillium pinophilum LF458 GEOMAR Filamentous fungus IV

Bartalinia robillardoides LF550 GEOMAR Filamentous fungus IV

Pestalotiopsis sp. KF079 GEOMAR Filamentous fungus IV

Chlorella protothecoides (SAG 211-7b, equivalent to UTEX 249 or CCAP 211/7B) was pur-
chased from the SAG Culture Collection at the University of Göttingen, Germany. Euglena
gracilis (NIES-48) was purchased from the National Institute of Environmental Studies of Ja-
pan. Both photosynthetic microorganisms were axenic. Cells were maintained in chemically
defined medium (medium A, in the media subsection) at -80°C in cryo-preservation vials (C.
protothecoides) or at room temperature (~22 C) in non-agitated flasks with low light intensity
illumination and sub-cultured every three weeks (E. gracilis).
The six marine fungal strains were obtained from the culture collection of the Kiel Center for

marine natural products at GEOMAR, Helmholtz Centre for Ocean Research Kiel, as a kind
gift fromA. Labes and J. F. Imhoff. Stock cultures weremaintained as conidia (Calcarisporium
sp. KF525, Penicillium pinophilum LF458 and Scopulariopsis brevicaulis LF580) or mycelial
fragments (Tritirachium sp. LF562, Bartalinia robillardoides LF550 and Pestalotiopsis sp.
KF079) suspension at -80°C.



22

2.2 Media

Cultivation media applied in this research are categorised in Table 3. Photosynthetic microbial
media were adapted from Ogbonna et al. [37] and Bischoff and Bold [127]. The basal compo-
nents of defined photosynthetic microbial media are: (NH4)2SO4, (NH4)2HPO4, K2HPO4,
MgSO4·7H2O, CaCl2·2H2O, vitamin B1, vitamin B12, FeSO4·7H2O, H3BO3, Na2EDTA·2H2O,
CuSO4·5H2O, ZnSO4·7H2O, MnCl2·2H2O, Na2MoO4·2H2O and CoCl2·6H2O. The media in dif-
ferent cultivations differed in component concentrations. For photoautotrophic cultures, glu-
cose-free medium (pH 6) was used (medium A). Glucose containing media (medium H, with
three different levels of nitrogen) were applied to heterotrophic and mixotrophic cultures of C.
protothecoides and (only high N medium H) E. gracilis. Medium H was more concentrated
than medium A for all components except phosphorus, which would be gradually dosed into
the bioreactors via pH regulated titration (in the form of 0.5 M NaOH and 0.1 M K2HPO4).

Table 3 Group of media used throughout this research.

Medium Basics
Supporting
microorganism Publication

Medium A Defined medium for autophototrophic cultures; no
glucose

C. protothecoides
and E. gracilis

I, II

Media H Defined medium for heterotrophic and mixotrophic
cultures; with glucose; three levels of nitrogen
concentration

C. protothecoides
and E. gracilis

I, II

Media C Various media for Calcaride A production; defined
or complex; liquid or solidified

Calcarisporium sp. III

Media P Defined media with different polymers; liquid or
solidified

All 6 marine fungi IV

All marine fugal media (C and P) contained 30 g L-1 Tropic Marin® Sea Salt and solidified
media contained 15 g L-1 agar. As part of the medium optimisation for Calcaride-A production,
various media were used for Calcarisporium sp. cultivation. They were casamino acid glucose
medium (2.5 g L 1 casamino acids, 40 g L 1 glucose, 1.8 g L 1 KH2PO4, 0.1 g L 1 MgSO4·7H2O
[44]), YMP (3 g L 1 yeast extract, 3 g L 1 malt extract and 5 g L 1 soy peptone), modified Vogel’s
medium [128] (with (NH4)2SO4 substituted for NH4NO3) and Yeast Nitrogen Base (YNB with-
out amino acid and without ammonium sulphate, Becton, Dickinson and Company, Franklin
Lakes, USA) media with glutamine as the nitrogen source. The carbon source tested for media
C include glucose, fructose, sucrose, maltose, malt extract, starch, xylose, and lactose. For the
investigation of polymeric substrate consumption by all six marine fungi, starch, pectin from
citrus, cellulose, carboxy-methyl cellulose (CMC), laminarin (from Laminaria digitata, Sigma-
Aldrich), xylan (from birch, Sigma-Aldrich, or from Undaria pinnatifida, Elicityl SA), ulvan
(from Ulva armoricana or Enteromorpha intestinalis, Elicityl SA), sulphated arabinogalactan
(from Codium fragile, Elicityl SA), carrageenan (from Eucheuma cottonii, Sigma-Aldrich),
agar (noble, Difco), sodium alginate (fromMacrocystis pyrifera, Sigma-Aldrich), or fucoidan
(from Fucus vesiculosus, Sigma-Aldrich) were individually provided as primary carbon source
of the respective definedmedia (media P). Media containing glucose, fucose, galactose or arab-
inose as primary carbon sources were also applied for comparison. The nitrogen source of the
media are (NH4)2SO4, NH4NO3, urea, casein or gelatin. The basal medium was made of
KH2PO4, MgSO4·7H2O, CaCl2·2H2O, citric acid ·H2O, ZnSO4·7H2O, Fe(NH4)2(SO4)2·6H2O,
MnSO4 · 4H2O, CuSO4 · 5H2O, H3BO3, Na2MoO4 · 2H2O, and biotin.



Materials and methods

23

2.3 Culture conditions

Many commonmicrobial culture conditions were applied in this thesis. Highlighted in the fol-
lowing paragraph is the setup of the photobioreactor, please refer to the individual published
articles for the rest of the detail.
Sartorius BioStat B 2.5 L glass vessel bioreactors with water jackets (Sartorius AG, Germany)

were modified to photobioreactors for the cultivation of C. protothecoides and E. gracilis.
Three fluorescent lamps (11 W, 20 cm, with reflective back cover, Lival Oy, Finland) were ver-
tically mounted at equal distances around the reactor vessel to provide light intensities of ap-
prox. 400 μmol photonsm-2 s-1 at the inner surface of the reactor directly facing the lamps, and
approx. 250 μmol photons m-2 s-1 at the inner surface between the lamps. The unit of light
intensity will be shortened and reported as “μmol m-2 s-1” in the following sections. Hetero-
trophic growth conditions were established by removing the lights and wrapping the reactor
vessels in two layers of aluminium foil.

2.4 Analyses

Due to the relatively large number of analytical techniques used in this thesis, the analytical
procedure of each compound is only briefly introduced here. Table 4 lists the analytical tech-
niques used to quantify microbial growth and compound concentrations. More detail of the
procedures can be found in individual articles.

Table 4 Analytical procedures and their presence in the listed articles

Substance Analytical technique Applied in article

Microalgal cell density Spectrophotometry at 780 nm and direct dry weight
measurement

I and II

Fungal biomass
quantification

Direct dry weight measurement III and IV

Fungal colony growth Colony radial expansion rate calculation and visual
observation

IV

Soluble carbohydrates
in the media /
supernatant

Analysis by HPLC I, II, III and IV

Ammonium in the
media / supernatant

Analysis by a calibrated selective probe I and II

Lipid fraction of
microalgal biomass

Lipid extraction by solvent and direct weighing after
evaporation

I and II

Fatty acids and other
lipophilic compounds

Transesterification and GC I

Calcaride-A Extraction and UPLC III

Protein fraction of E.
gracilis biomass

Trichloroacetic acid extraction, alkaline solubilisation and
lowry method quantification

I

Paramylon fraction of
E. gracilis biomass

After removing protein and other cell components,
quantification by phenol-sulphuric acid method

I
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3. Results and discussion

Gaining relevant physiological characteristics of the aquatic microorganisms is crucial to dif-
ferent stages of bioprocess development. To produce storage and other compounds from pho-
tosynthetic microorganisms, physiological characterisation is needed for improving the exist-
ing processes. This includes two aspects: firstly, increase the productivity of the microbial bio-
mass (growth rate and titer), and secondly, increase the proportion of target products in the
biomass. The two parts of optimisation are linked through the common metabolism of the or-
ganisms. For exploring the industrial potential of less known aquatic microorganisms, cultiva-
tion strategies can be developed together with physiological characterisation. In both scenar-
ios, appropriately designed cultivation experiments are required. This thesis applied lab-scale
cultivations techniques to gain insights of two photosynthetic microorganisms and six marine
fungi.
For the two photosynthetic microorganisms studied here, photoautotrophic, heterotrophic

and mixotrophic cultivations were carried out. Providing organic substrate as additional car-
bon source offered an approach to improve biomass productivity. Since C. protothecoides was
chosen to study the production of the storage compound, triglycerides, nitrogen limitation was
included to characterise the response of lipid content. Based on the results from both cell
growth and lipid content characterisations the production of lipids can be optimised further.
A wider range of cultivation conditions were applied to E. gracilis cultivations, as E. gracilis
contains many interesting cellular compounds.
The secondary metabolite, calcaride-A, has shown antibacterial activities [129], this study

conducted exploratory cultivations to characterise the host aquatic microorganism, Cal-
carisporium sp., aiming to develop a production process of calcaride-A. To further demon-
strate the industrial potential of marine fungi as a group, six isolated species (including Cal-
carisporium sp.) were characterised for their hydrolytic activities, by lab-scale cultivations.

3.1 Growth characters of autotrophic cultures of photosynthetic microorgan-
isms

The energy source (light) for photoautotrophic growth of photosynthetic microorganisms is
not a soluble substance. The inherent inhomogeneity of light distribution renders phototrophic
growth deviate from the classic exponential growth model for batch cultivations. To character-
ise the photoautotrophic growth of photosynthetic microorganisms, E. gracilis batch cultures
were carried out at different light intensities and temperatures, and compared to a C. proto-
thecoides culture (Table 5). To ensure that light is the only potential limiting factor for the cell
growth, nutrient sufficient balancedmedium (medium A) and CO2 enriched air (2% CO2 in air)
were supplied to the photoautotrophic cultures.



26

Table 5 Autotrophic cultures of E. gracilis (E) and C. protothecoides (C) with their main conditions and the analysis
carried out for each culture.

Cultivation E1 E2 E3 E4 C1
Temperature (°C) 23 23 30 30 23
No. of lamps# 2 3 3 3 3
Lipids (total) + + + - -
Lipids (composition) - + (+)* + -
Protein and paramylon
analysis

- + (+) + -

Figure legend in
Figure 1-7

Open
circle

Open
square

Downward
triangle

Upward
triangle

Open
diamond

#: Each florescent lamp provides ca. 400 mol m-2 s-1 light to reactor inner surface.
*: (+) indicates that the analysis was only carried out for the final harvested samples.

Figure 2 presents the growth curves of the photoautotrophic cultures. A major deference of
photoautotrophic microalgal growth with more conventional heterotrophic microbial growth
is having light as the only source of energy. A linear phase of biomass increment exists in each
light and temperature combination, following the initial exponential phase (Figure 2). During
the exponential growth phase, independent from the change of light intensity, the specific
growth rate (μ) of E. gracilis at 23 °C remained the same at 0.90 d-1 (Table 6). Increasing the
cultivation temperature to 30 °C increased the specific growth rate to 1.30 d-1 (Table 6). How-
ever, during the subsequent linear phase, the E. gracilis biomass productivity (measured as g
L-1 d-1) was positively correlated with the overall light intensity of the culture, while tempera-
ture showed no effect (Table 6). Since during the linear phase, the specific growth rate is grad-
ually decreasing, the volumetric biomass productivity (r-lin [g L-1d-1]) is used to quantify the
culture growth rate. Interestingly, the C. protothecoides culture grew at the very similar volu-
metric biomass productivity as the E. gracilis cultures receiving the same light intensity (3 x
400 μE m-2 s-1, Figure 2).
The optimal temperature for E. gracilis growth is believed to be 27 to 30 °C [101]. Previous

studies also observed the increased specific growth rate of E. gracilis, when shifting the tem-
perature towards optimum [34]. The results of this study illustrated that during the linear
phase, light availability becomes the limiting factor for photosynthetic microorganism growth.
Sustaining exponential growth depends on sufficient light provision for each and every cell,
which is true only when the cell density of the culture is relatively low. Above a certain cell
density, shading between the cells renders only part of the culture is photosynthetically active,
and a part of the reactor may become permanently dark. The cell density threshold is influ-
enced by the species, geometry of the reactor and the overall light provision. In the cylindrical
photobioreactor used here, provided with 3 x 400 μmol m-2s-1 light, exponential growth of E.
gracilis stopped when the biomass reached a threshold level of 0.5 g L-1 (Figure 2). Lower the
overall light intensity did not affect the specific growth rate during the exponential phase, but
the cell density threshold level was lower (< 0.3 g/L) when less light (2 x 400 μmol m-2s-1) was
provided (Figure 2 and Table 6). This means, at the same temperature, cultures with less light
had shorter exponential growth phases. A similar cell density threshold level was observed by
Li et al. in Scenedesmus sp. cultures [88]. As observed by the current study, the linear growth
phase can last more than 10 days in batch cultures (Figure 2). During the linear growth phase,
the newly generated cells are corresponding to the effective light energy input through photo-
synthesis of the culture. Since the light energy input is most likely saturated, the growth curve
of the culture is linear, while the specific growth rate decreased with the increasing cell density.
This hypothesis is further supported by the observation that the linear phase growth rates (g



Results and discussion

27

L-1 d-1) of the autotrophic cultures did not differ between the species. Assuming C. protothe-
coides and E. gracilis have similar photosynthetic yield and efficiency, the cultures would grow
at the rate corresponding to the rate of light energy transfer and conversion.

Figure 2. Growth curves of photoautotrophic cultures of E. gracilis and C. protothecoides at 23 or 30°C with two or
three light sources of 400 μmol m-2 s-1 intensity. Error bars represent the standard error of the mean (n=2-6). The
symbol of open circle represents the E. gracilis culture at 23 °C and 2 x 400 μmol m-2 s-1; open square represents
23 °C and 3 x 400 μmol m-2 s-1 E. gracilis culture; downward triangle represents 30 °C and 3 x 400 μmol m-2 s-1 E.
gracilis culture; upward triangle represents a replicate E. gracilis culture at 30 °C and 3 x 400 μmol m-2 s-1 and open
diamond represents a C. protothecoides culture at 30 °C and 3 x 400 μmol m-2 s-1.

Ogbonna and colleagues introduced the concept of light supply coefficient to describe the ef-
fective light supply for photobioreactors [74]. Various reactor designs to improve light transfer
in photobioreactors have been tested, which include internal illumination, enhanced mixing
and shortening the light path [130], but a culture inevitably reaches a critical biomass concen-
tration, at which light limitation results in linear increment of biomass and gradually decreas-
ing specific growth rate. It’s this linear phase, where most of the microalgal cultivations are
usually operating within. Following that, the stationary phase of microalgal cultures would be
induced by either depletion of nutrients or accumulation of inhibitory compounds. It is worth
noting that the photoautotrophic cultivations in this study were carried out with elevated CO2

concentration, and CO2 was not the limiting factor of E. gracilis and C. protothecoides growth.
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Had only air been the sole CO2 source for the cultures, it is possible that CO2 limitation would
lead to linear growth before the cultures saturated the effective light input.

Table 6 Specific growth rates ( ,during exponential phase) and volumetric growth rates (r-lin, during linear phase)
of photoautotrophic cultures of E. gracilis at 23 and 30 °C with 2 x 400 or 3 x 400 mol m-2 s-1 light. (Article I)

Light (μmol m-2 s-1) 2 x 400 3 x 400 3 x 400 3 x 400

T ( C) 23 23 30 30

μ (d-1) 0.91±0.05 0.90±0.16 1.31±0.35 1.30±0.28

r-lin (g L-1d-1) 0.35±0.04 0.50±0.04 0.49±0.06 0.52±0.09

In the likely scenarios that light limiting linear phase dominate the industrial cultivating pro-
cess, thus the temperature of operation (within the range permissive of growth) is not as critical
for biomass production of photosynthetic microorganisms. This allows various geographical
regions with hotter or cooler climate to be considered for photoautotrophic microalgal cultiva-
tions.

3.2 Heterotrophic and mixotrophic cultivations of photosynthetic microorgan-
isms

The E. gracilis and C. protothecoides photoautotrophic cultures with 3 x 400 μmol m-2s-1 light
eventually reached cell densities of around 5 g L-1 in the lab-scale photobioreactors (Figure 2).
Due to the challenge of supplying light to every cell in photoautotrophic cultures of microalgae,
and the variation of natural light, large-scale phototrophic cultures of microalgae cannot oper-
ate continuously, and the cell density of large-scale cultures is usually much lower than the
ones obtained in the lab. Supplying organic carbon source provides a solution for continuous
operation and improves the cell densities of microalgal cultures. Medium containing glucose
(mediumH) was applied to E. gracilis and C. protothecoides cultivations (Table 7), to examine
the growth characters with the presence of organic carbon source and the resulted cell compo-
sition.

Table 7 Heterotrophic and mixotrophic batch cultures of E. gracilis (E) and C. protothecoides (C) with their main
conditions and the analysis carried out for each culture. Glucose was the organic carbon source for all cultures.

Cultivation E5 E6 E7 E8 C2 C3
Temperature (°C) 23 23 27 27 23 23
No. of lamps# 2 0 2 0 2 2
N (mM) 24 24 24 24 14 24
Lipids (total) - - - - + +
Lipids (composition) + + - - - -
Protein and paramylon
analysis

- - - - - -

Figure legend in
Figure 1-7

Circle
with
cross

Closed
circle

Diamond
with cross

Closed
diamond

Closed
square

Square
with
cross

#: Each florescent lamp provides ca. 400 mol m-2 s-1 light to reactor inner surface.

For E. gracilis, the cultivation experiments were conducted in pairs (with and without light) at
two different temperatures (23 and 27 °C). E. gracilis cells could not use glucose as carbon and
energy source immediately after inoculation when light was present (inoculum was grown in
photoautotrophic condition, medium-A). After a period of adaptation (up to 8 days for the
mixotrophic culture at 23 °C), all mixotrophic cultures of E. gracilis consumed glucose even-
tually (Figure 3a). At both 23 and 27 °C, heterotrophic cultures (in dark) of E. gracilis displayed
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shorter lag phase of growth and earlier glucose consumption than the cultures in light (Figure
3a and b). This indicates that either photosynthetic metabolism or the presence of light was
initially inhibiting glucose consumption in mixotrophic E. gracilis cultures. Previous research
observed light inhibited glucose transportation in E. gracilis [131], [132], though the mecha-
nism of the inhibition remains unclear. When glucose was used as the organic carbon source
for E. gracilis cultivations, photoautotrophic and heterotrophic metabolic activities are re-
ported to occur simultaneously only at very low light intensity [133]. Nicolas et al. observed no
glucose consumption for 6 to 7 days when E. graciliswas grown in nitrogen-limited conditions
with only 600 lux (~8 μmol m2 s-1) light and longer delays in its consumption in the presence
of higher light intensity [131]. In the current study, light at the intensity of 2 x 400 μmol m2 s-1

was applied, and a delay of 8 days was observed before glucose consumption started at 23°C,
reduced to 4 days at 27°C (Figure 3a). The transportation of other organic carbon sources into
E. gracilis cells did not seem to be inhibited by light [131]. The light induced inhibition of glu-
cose transportation does not happen in other mixotrophic microalgal species either.
Both mixotrophic C. protothecoides cultures (with 24mMor 14mMnitrogen source) started

to consume glucose and grow exponentially much earlier than the E. gracilis cultures (Figure
3). They generated 8.5 ± 0.02 g L-1 biomass within 5 days (Figure 3b). The C. protothecoides
culture with 14 mM nitrogen (C2 in Table 7) received a pulse of glucose, which was quickly
metabolised and further increased the cell density (Figure 3). There is room to improve the cell
density of microalgal cultures by supplying more organic carbon source, considering G. sul-
phuraria can reach cell densities greater than 100 g L-1 in glucose fed-batch cultivations [82].
From the samemedia containing the same amount of glucose, C. protothecoides andE. gracilis
strains generated similar final cell densities (Figure 3b). At the same condition, the mixo-
trophic cultures yielded slightly more algal biomass than the heterotrophic ones, which can be
attributed to the contribution of photosynthesis in addition to glucose assimilation (Figure 3b).
Unlike in typical heterotrophic fermentations, where cell density decreases after carbon

source depletion, due to maintenance energy cost and cell lysis, in mixotrophic cultures the C.
protothecoides and E. gracilis cell densities remained constant after glucose depletion (Figure
3b); this difference suggests that photosynthesis remains active in the mixotrophic cultures,
after the depletion of organic energy source.What about during the exponential growth phase?
Net CO2 production and O2 consumption were observed in all mixotrophic cultures (carbon
dioxide evolution rates [CER] in Table 8 and Figure 4). This does not necessarily mean that
photosynthesis is not active in mixotrophic cultures. Only with this particular photobioreactor
setup and at relatively high cell density, photoautotrophic metabolism, if active, was not
enough to offset the CO2 production from heterotrophic metabolism. To determine whether
photosynthesis is also active when the cells are catabolising glucose, nitrogen limited continu-
ous cultures of C. protothecoides were carried out in both mixotrophic and heterotrophic con-
ditions.
To isolate the effect of light provision on mixotrophic C. protothecoides cultures, the contin-

uous mixotrophic cultures were subsequently converted to heterotrophic conditions by pre-
venting any light reaching the reactors. At the dilution rate of 0.44 d-1 with 14 mM nitrogen in
the medium, preventing photosynthesis led to a reduction of cell density at the steady state
(from ca. 8.6 to 5.5 g L-1; Figure 4a). This result suggests that photosynthesis contributed about
36% of the energy input in this particular mixotrophic condition of C. protothecoides culture.
When the same experiment was conducted with 6mMnitrogen in themedium, the culture was
under severe nitrogen limitation. Residual glucose was observed in mixotrophic condition, but



30

not in heterotrophic condition. Since the culture was in nitrogen limitation, the cell density in
steady states of both conditions were 7.6 g L-1 (Figure 4b). This observation not only confirmed
the contribution of photosynthesis in mixotrophic cultures of C. protothecoides, but also indi-
cated that whenC. protothecoides growthwas limited by nitrogen limitation, autophototrophic
growth has higher priority over heterotrophic growth.

Figure 3 (a) Glucose consumption and (b) biomass production of heterotrophic and mixotrophic cultures of E.
gracilis and C. protothecoides. Cultures were grown at 27 C or 23 C, with 24 mM or 14 mM nitrogen source. Error
bars represent the standard error of the mean (n=2-4). The figure legend circle with cross represents the mixotrophic
E. gracilis culture at 23 °C (E5 in Table 7), closed circle represents the heterotrophic E. gracilis culture at 23 °C
(E6), diamond with cross represents the mixotrophic E. gracilis culture at 27 °C (E7), closed diamond represents
the heterotrophic E. gracilis culture at 27 °C (E8), closed square represents the mixotrophic C. protothecoides
culture with 14 mM N (C2), and square with cross represents the mixotrophic C. protothecoides culture with 24 mM
N (C3).
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Figure 4 Biomass, lipid and glucose (b only) concentrations, and CER during mixotrophic and heterotrophic
(shaded) growth of C. protothecoides in nitrogen-limited chemostat cultures at D = 0.44 h-1, 23 C°, 250–400 μmol
light m-2 s-1, 0.67 vvm aeration. Cultures were provided (a) 14 mM or (b) 6 mM nitrogen, with 16.6 ± 0.7 g glucose
L-1. Residual glucose in cultures provided 14 mM N was not detected. Periods of steady state, when measured
parameters were constant, other than oscillations in the gas measurements, are indicated with short dashed lines.
(Article II)

Though mixotrophic cultures of microalgae offset some of the environmental benefit of fixing
CO2, when compared with photoautotrophic cultures, they may improve the photoautotrophic
growth rate of C. protothecoides. This is because the optimal CO2 concentration for microalgae
growth is higher than the atmospheric CO2 concentration, assuming adequate light is available
for themixotrophic cultures, the CO2 production through organic carbon feeding would in turn
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increase CO2 supply for photoautotrophic growth (Figure 1). The mutually beneficial effect is
also true for O2. While the oxygen generating photosynthesis provides extra O2 for hetero-
trophic metabolism, heterotrophic metabolism also helps to remove O2 and its toxic effect for
photosynthesis (Figure 1). The author believes most mixotrophy capable microalgae can con-
duct photosynthesis and heterotrophic growth simultaneously. However, the mutually benefi-
cial relationship between photosynthesis and heterotrophic metabolism may not exist in E.
gracilis, considering that light inhibits glucose transportation. After adapted to glucose con-
sumption, whether E. gracilis cells are still conducting photosynthesis has yet to be investi-
gated.
In summary, heterotrophic and mixotrophic cultivations of photosynthetic microorganisms

offered practical ways to increase cell density and to maintain high growth rate.

3.3 The effects of cultivation conditions to cell compositions of photosyn-
thetic microorganisms

Figure 5 (a) The proportion of Lipids (as crude extract) in the dry biomass in batch cultures of E. gracilis and C.
protothecoides (b) Residual ammonium concentration in the mixotrophic cultures of C. protothecoides. The figure
legend open circle represents the autotrophic E. gracilis culture at 23 °C and 2x400 mol m-2 s-1 light (E1 in Table
5), open square represents the autotrophic E. gracilis culture at 23 °C and 3x400 mol m-2 s-1 light (E2), upward
triangle represents the autotrophic E. gracilis culture at 30°C and 3x400 mol m-2 s-1 light (E4), closed square
represents the mixotrophic C. protothecoides culture with 14 mM N (C2 in Table 7), and square with cross
represents the mixotrophic C. protothecoides culture with 24 mM N (C3).

Crude total lipid extract was quantified for the two C. protothecoides mixotrophic batch cul-
tures (C2 and C3 in Table 7) and three E. gracilis autotrophic batch cultures (E1-3 in Table 5).
The lipid content of the algal biomass is shown in Figure 5a. At 23 °C, the E. gracilis cells
contained more lipids (on average 22 %) than at 30 °C (on average 18 %). While E. gracilis
total lipid content was relatively constant throughout the cultivation time in each culture, the
lipid content of C. protothecoides cells increased during the mixotrophic cultivations (Figure
5a). The lipid accumulation of C. protothecoides was coincided with the gradual depletion of
ammonium in the cultures, and higher lipid content was obtained from the culture with less
initial nitrogen input (Figure 5). C. protothecoides grown in medium containing 14mMN pro-
duced 2.91 ± 0.05 g L-1 total lipids, with a lipid content of 34.1 ± 0.4% of the biomass, while



Results and discussion

33

lipids contributed only 25.3 ± 0.4 % of the biomass of C. protothecoides grown in medium
containing 24 mMN (Figure 5a).
In addition to demonstrating that photosynthesis is the preferred trophic mode of growth in

C. protothecoides mixotrophic cultures, the parallel continuous cultivation of C. protothe-
coides showed that lipid accumulation can be achieved in steady state chemostat. Next, more
mixotrophic continuous cultures were conducted with changed dilution rate and feed nitrogen
concentration to explore the scope of further improving lipid productivity of C. protothecoides.
When the mixotrophic cultures with the same dilution rate (D = 0.44 h-1) are compared (24
mM, 14 mM and 6 mM N, Table 8), the lipid content of the biomass was highest (57 ± 1%) in
the lowest nitrogen concentration (6mM) and highest C/N ratio of 87, as was the lipid produc-
tion rate (1.92 ± 0.04 g L-1d-1). Among the conditions tested, the highest volumetric lipid pro-
duction rate (2.5 g L-1 d-1) was obtained from the culture at D = 0.84 d-1 with 14 mM N (Table
8). This lipid production rate already outperformed the optimised productivity of 1.3 g L-1 d-1

reported by Xiong et al. from a heterotrophic batch culture (Table 1)[105]. This reflects one of
the advantages of continuous cultivation. In batch processes, the initial low biomass concen-
trations reduce the over-all productivity.

Table 8 Biomass, lipid and CO2 production in nitrogen and/or glucose-limited continuous cultures of C.
protothecoides, with mixo- (+ light) or hetero- (- light) trophic conditions (pH 6, 23°C, 400 rpm, and 0.5 or 0.67 vvm
aeration). Values are mean ± SEM. Values in the same row with the same superscript letter (a to d, mixotrophic
cultures) do not differ significantly (p > 0.05, Scheffe's multiple range test). * and indicate that the value for
heterotrophic cultures with 14 or 6 mM N differ significantly (p < 0.05, student t-test) from the value in same row for
the 14 and 6 mM N mixotrophic cultures, respectively.

Nitrogen in feed
(mM) 24 14 14 6 6 14

D (d-1) 0.44 0.44 0.44 0.44 0.44 0.84

Light + + - + - +

Glucose in feed (g
L-1) 17.1 16.5 16.5 17.1 16.9 15.4

Residual glucose (g
L-1) 0 0 0 1.35 0 0

CER (mol L-1d-1) 0.086 ±
0.001a

0.069 ±
0.000 b

0.114 ±
0.000*

0.086 ±
0.000 c

0.100 ±
0.000

0.102 ±
0.001 d

Biomass (g L-1) 8.5 ±
0.1 a 8.6 ± 0.1 a 5.5 ± 0.0* 7.6 ± 0.1 b 7.6 ± 0.0 7.7 ± 0.0 b

Lipid content (%) 29.4 ±
0.4 a 39.9 ± 0.8 b 28.9 ± 0.3* 57.3 ± 0.6 c 56.9 ± 0.3 38.4 ± 0.3 b

rx (g L-1d-1) 3.75 ±
0.05 a

3.80 ±
0.04 a

2.44 ±
0.01*

3.35 ±
0.04 b 3.33 ± 0.01 6.46 ±

0.02 c

rLip (g L-1d-1) 1.10 ±
0.03 a

1.52 ±
0.05 b

0.70 ±
0.01*

1.92 ±
0.04 c 1.90 ± 0.02 2.48 ±

0.02 d

As shown by the batch cultivation results, E. gracilis cultures do not accumulate lipids re-
sponding to nitrogen limitation (Figure 5). The E. gracilis cells usually containmuch less lipids
than oleogenic microalgal species, like Chlorella [134] and Nannochloropsis [135]. Although
lipid content as high as 37% has been reported from photoautotrophic E. gracilis cultures [98],
lipid typically accounts to only 8 to 18% of the cell biomass in E. gracilis [79]. E. gracilis is
known for containing larger proportion of unsaturated lipids than typical aquatic microorgan-
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isms [104]. Most of the unsaturated fatty acids in E. gracilis are found in chloroplast mem-
branes [98] and the unsaturated fatty acid content of the cells is affected by the activity and
amount of chloroplasts, which in turn responds to light availability. Up to 80 % of the lipids in
light grown cells may be unsaturated, while the proportion in etiolated cells was 32% [136].
Taking the three 23 °C cultures of E. gracilis (Table 5, cultivation E2-phototrophic, and Table
7, E5-mixotrophic and E6-heterotrophic) for comparison, the impact of light and organic car-
bon source on fatty acid content in E. gracilis can be examined. The saturated and unsaturated
fatty acid contents of E. gracilis biomass are presented in Figure 6. In cells grown in light, 78
% to 88 % of the fatty acids were unsaturated, and around 72 % in cells grown without light.
The contents of both saturated and unsaturated fatty acids in the dark grown cells were essen-
tially constant over the culture time. The content of unsaturated fatty acids in mixotrophically
grown cells initially increased (Figure 6). A subsequent decrease in unsaturated fatty acids con-
tent corresponded to the start of glucose utilization (Figure 6). The mixotrophically grown E.
gracilis contained up to five times more unsaturated fatty acids than the cells grown in the
dark (Figure 6b). The same trend was also observed by Schwarzhans et al. [132]. In the E. gra-
cilis cultures of the current study, only about less than half of the crude lipid extracts can be
converted to fatty acid methyl esters (FAMEs).

Figure 6 The saturated (a) and unsaturated (b) fatty acid (measured as FAME) content of E. gracilis grown in
photoautotrophic, heterotrophic and mixotrophic batch cultivations at 23 °C. (Article I)

Themuch valued long chain poly unsaturated fatty acids (PUFAs), such as EPA andDHA, were
present in E. gracilis biomass from all analysed cultures (culture E2, E4, E5 and E6). Themax-
imum content of EPA and DHA were 4.81 and 3.75 mg g-1 respectively in photoautotrophic
culture (Figure 7b, c). The synthesis of these omega-3 fatty acids, like other unsaturated fatty
acids in E. gracilis, was stimulated by light. The content of EPA was similar among light grown
cultures (autotrophic and mixotrophic); its content was 4 times lower in the heterotrophic cul-
ture (Figure 7b). The heterotrophically grown E. gracilis biomass also contained the lowest
amount of DHA. The light grown cultures at 23 °C contained more DHA than the culture at 30
°C (autotrophic). This suggests that growth at lower temperature (lower than optimum) had a
positive effect on DHA production in E. gracilis. However, the DHA content in all light grown
cultures decreased during cultivation (Figure 7c). Though E. gracilis cells containmore omega-
3 fatty acids than oleaginousmicroalgal species, like C. protothecoides, the omega-3 fatty acids
contents observed in the current study are far lower than the established producers [137]. The
precursor of longer chain omega-3 fatty acids, ALA, was the most abundant unsaturated fatty
acid in light grown E. gracilis, and low temperature (23 °C) increased its content in the cells
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(Figure 7a). This hints the possibility of improving the EPA and DHA synthesis by over-ex-
pressing the enzyme catalysing the fatty acid elongation in E. gracilis.

Figure 7 The content of (a) ALA, (b) EPA, (c) DHA, and (d) -tocopherol in E. gracilis biomass from autotrophic (23
°C square, 30 °C triangle), heterotrophic (23 °C solid circle) and mixotrophic (23 °C circle with cross) cultivations.

In the mixotrophic cultures, -tocopherol titer increased during exponential growth (from
0.04 to 0.18 mg g-1); in the heterotrophic culture, it decreased to 0.01 mg g dry biomass-1 (Fig-
ure 7d). Grimm et al. [23] reported higher -tocopherol content in both heterotrophic ormixo-
trophic conditions. Kusmic et al. [138] demonstrated that while light simulated -tocopherol
formation in E. gracilis, -tocopherol was present in mitochondria as well as in chloroplasts.
The content of other fatty acids (as FAME) in the cells is shown in the online supplementary of
Article I.
Samples from a few phototrophic cultures of E. gracilis (cultivation E2 and E4, cultivation

E3 only for the last sample) were further analysed for their protein and paramylon contents.
E. gracilis cells grown in autotrophic conditions contained 12-34% protein. The relative cellu-
lar protein content (as a proportion of cell dry weight) was highest during the exponential
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growth phase (observedmaximum relative cellular protein content was 34.2% from the culture
at 23 °C, Figure 8a). Both relative cellular protein content and cell biomass increased during
the exponential phase, so total protein titer in the culture increased rapidly (Figure 8b). The
total protein titer of the culture remained constant during the linear growth phase, as the rel-
ative proportion of protein in the cells decreased, and the cell density increased. The relative
cellular protein content was similar in the cultures at 23 and 30°C (Figure 8), though results
from literature reported that 21 °C was the optimal temperature for protein synthesis in E.
gracilis [40]. The paramylon proportion of the cells was only 1.5 % (23 C) or 7.0% (30 C) at
the end of the exponential growth phase and increased during the linear growth phase. After 9
days, 46.3 % of the cell dry biomass was paramylon, increasing to 53.2 % at the end of the
cultivation in the culture at 23 C (Figure 8c). The total amount of paramylon in the cultures
increased throughout the cultivation, as also observed at 30 °C (Figure 8d).

Figure 8 Protein and paramylon in photoautotrophically grown E. gracilis. (a) Protein content; (b) Protein concen-
tration; (c) Paramylon content; (d) Paramylon concentration. Two cultures of 30 °C were carried out, one was
analysed only for the last sample. (Article I)

In the conditions tested in this research, E. gracilis cells contains significant portions of both
protein and paramylon, and they were not much affected by the change of cultivation temper-
ature. Considering that E. gracilis also contains all omega-3 and omega-6 fatty acids, -to-
copherol and phytol, this makes its biomass suitable for diet supplement for humans and ani-
mals.
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3.4 Production of calcaride-A by Calcarisporium sp.

Besides major cellular components of aquatic microorganisms, rare metabolites of aquatic mi-
croorganisms should also be considered as products of potential bioprocesses. Some of the
metabolites are usually not accumulated by the organisms to high proportions of the cell dry
weight, but they may have unique bioactivities, hence often high values. From the screening
work carried out by Silber et al. [44], a marine fungal strain, Calcarisporium sp. KF525, has
been shown to produce an antibacterial macrocyclic polyester, named calcaride-A. A prelimi-
nary method to generate enough samples of calcaride-A would be required to further investi-
gate the bioactivities of this compound. Within the scope of this thesis, Calcarisporium sp.
KF525 growth was characterised for calcaride-A production.
Preliminary growth characterisation showed that Calcarisporium sp. KF525 is a relatively

slow growing fungus. At the optimal 22 °C, the specific growth rate was 0.06 ± 0.01 h 1 in a
complex medium. It did not grow at temperatures higher than 25 °C.

3.4.1 Media optimisation for calcaride-A production in Calcarisporium sp.

To select an optimal carbon source for KF525 cultivation, several carbon sources were tested
for KF525 growth in defined media. The productions of fungal biomass and calcaride-A were
summarised in Table 9. KF525 produced the most biomass from starch (10.2 g L 1), but the
biomass contained very little calcaride-A (0.2 mg g 1). Fructose promoted calcaride-A synthe-
sis in KF525, the biomass contained 1.5 ± 0.1 mg calcaride-A per g dry biomass. Though the
culture in fructose generated less biomass than the ones in sucrose or glucose, the overall cal-
caride-A production was the highest with fructose as carbon source (8.1 ± 0.3mg·L 1), followed
by sucrose (7.2 ± 0.8 mg·L 1). Sucrose was chosen as the carbon source for further studies,
since it supported both KF525 growth and calcaride-A production well.

Table 9 Biomass and calcaride-A (specific and volumetric) produced by Calcarisporium sp. KF525 grown in defined
medium for ca. 25 days in flasks (100 rpm, 22 °C) with various carbon sources. Calcaride-A was extracted from the
mycelia with ethyl acetate. Values are mean ± standard error of the mean (n = 2 or 9). Values in the same column
with the same superscript (a to d) did not differ significantly (p > 0.05). (Article III)

Carbon Source
Biomass

(g·L 1)

Calcaride A

(mg·g 1)

Calcaride A

(mg·L 1)

sucrose 7.7 ± 0.6 bcd 0.9 ± 0.1 c 7.2 ± 0.8 b

fructose 5.4 ± 0.04 ab 1.5 ± 0.1 d 8.1 ± 0.3 b

glucose 6.3 ± 0.4 abc 0.7 ± 0.02 bc 4.7 ± 0.4 ab

maltose 5.1 ± 0.2 a 0.05 ± 0.02 a 0.3 ± 0.1 a

malt extract 9.7 cd 0.4 ab 3.9 ab

starch 10.2 d 0.2 a 1.9 a

xylose 5.3 ab 0.2 a 0.9 a

lactose 4.4 ± 0.1 a 0.1 ± 0.03 a 0.4 ± 0.1 a

Similar compounds of calcarides, 15G256 compounds from Hypoxylon oceanicum, another
marine fungus, have been investigated by Schlingmann et al. [43]. They suggested that these
compounds are synthesised via malonyl-CoA pathway from 6-hydroxymellein and -hydroxy-
butyric acid. 6-Methoxymelleinmight be a precursor of calcarides as well [44]. Many fungi can
produce these precursors [139], the Calcarisporium sp. KF525 may harbour certain unique
enzymes or regulatory factors for the final conversations. And this pathwaymight be repressed
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by glucose, as suggested by the poor calcaride-A production fromwell grown cultures of KF525
(Table 9).
Preliminary bioreactor cultivations (article III) suggested that culture pH affected calcaride-

A production in Calcarisporium sp. A new set of flask cultivations were carried out, using su-
crose and casamino acid containingmedium. The initial pHwas set to 4, 5 and 6.5 respectively.
The pH of cultures with initial pH of 6.5 decreased to 5.4 ± 0.0, whereas the pH of cultures
with initial pH of 4 increased to 4.6 ± 0.1 and the pH of cultures with initial pH of 5 changed
very little (Figure 9). The difference of initial pH of these batch cultures affected KF525 growth
and calcaride-A production significantly. Initial pH of 5 resulted the best growth of KF525,
initial pH of 4 produced the most calcaride-A per mg of KF525 biomass, while the cultures
started at pH 6.5 suffered from both poor growth and poor calcaride-A production (Figure 9).
These results suggest that the optimum pH for KF525 growth should be around 5, and lower
pH promoted calcaride-A production. Since the pH of cultures with initial pH 4 increased to
nearly 5 during incubation and the overall volumetric calcaride-A production was similar at
initial pH 4 and 5 (Figure 9), pH values around 5 were used for subsequent investigations of
KL525 growth and calcaride-A production.

Figure 9 KF525 growth (a), calcaride-A production (b) and the pH change (c) of cultures with different initial pH.
Error bars represent sem (n = 2).

3.4.2 Calcaride-A production optimisation through morphology control

KF525 usually grows as pellet suspension (the same morphology as in shake flasks). When
cultivated in CSTR bioreactors inmediumwith 20 g L 1 sucrose and glutamine with a C/N ratio
of 44 (pH 5.4), a culture grew as pellet form produced 16.2 mg L 1 calcaride-A (relative calcar-
ide-A content of 1.4 mg g 1; Figure 10, figure legend: 20 g/L sucrose pellets). When the con-
centration of sucrose was increased to 40 g L 1, calcaride-A production was similar to that ob-
served with 20 g L 1 sucrose during the first eight days, but then decreased (Figure 10, figure
legend: 40 g/L sucrose pellets).
The biggest improvement of calcaride-A production came with themorphology change of the

fungal cultures. KF525 usually grew as pellets in shake flasks. Therefore, bioreactors were usu-
ally inoculated with pre-cultures containing small pellets and the cultures continued to grow
as small pellets (1–3 mm diameter). When disturbed by temporary vigorous shaking, pre-cul-
tures for two cultivations were dominantly filamentous, when the pellets were disintegrated.
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These two cultures continued to grow as filaments in the bioreactors. The two filamentous cul-
tivations grew more rapidly than the cultures that consisted of pellets and they consumed the
carbon source more rapidly (Figure 10). Unexpectedly, they also produced more calcaride-A
(~4.5 mg g 1) than cultures with pellets (Figure 10). All sucrose was consumed, even when 40
g L 1 sucrose was supplied, resulting in a higher biomass concentration and consequently
higher titer of calcaride-A than cultures with 20 g L 1 sucrose. The amount of calcaride-A pro-
duced in the filamentous bioreactor culture with 40 g L 1 sucrose (85 mg·L 1) was comparable
to that obtained from flasks with 20 g L 1 sucrose and 1 g L 1 glutamine (100 mg L 1). It is not
clear why gently shaking flasks (100 rpm) in pellet form produced more calcaride-A than pel-
lets in stirred tank bioreactors.

Figure 10 Production of calcaride-A and biomass and consumption of carbohydrate (sucrose and glucose and
fructose derived from sucrose) by KF525 in bioreactors with 20 (circles) or 40 (squares) g L-1 sucrose, and nitrogen
supplied as glutamine (C/N 44, pH 5.4 ± 0.1). The mycelium grew as pellets (solid symbols) or filamentously (open
symbols). (Article III)

Though not widely studied, strategies for improved secondary metabolites production from
marine fungi have been reported. Aspergiolide-A production required a low shear environ-
ment, adequate oxygen [109] and pH near 7 [140]. Zhou et al. [28] and Tamminen et al. [110]
found that conditions which promoted biomass production promoted the production of 1403C
(an anthracycline analogue) and scopularide-A, respectively. The C/N ratio is important in the
regulation of both fatty acid and polyketide synthesis andwas optimized to enhance production
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of oxalicumone-A [141]. The choice of both carbon and nitrogen sources may be important
[111], [141].
Adding more nutrients (carbon and nitrogen) did not necessarily increase the titer of KL525

biomass or calcaride-A. This may have something to do with mechanisms of cell population
regulation. The observation that filamentous mycelia promoted better calcaride-A production
than pellets leads to more questions than answers. Further investigation of the calcaride-A
synthesis pathway is needed to explain this result. At least the cultures in filamentous form
demonstrate that production of substantial amounts of calcaride-A in lab scale bioreactor is
feasible.

3.5 Hydrolytic activities of marine fungi

The potential industrial applications of aquaticmicroorganisms are not limited to accumulated
cell components. Though less frequently isolated from aquatic environment and less under-
stood than fungi on land, the ever expanding discovery of marine fungi represents new oppor-
tunities of discovering new hydrolytic enzymes. Several cultivation based methods were ap-
plied to identify the existence of hydrolytic enzymes in six marine fungal strains. Since the
scope of screening is relatively small, direct growth evaluation on the substrates in question as
sole carbon or nitrogen source is possible. At the same time, the physiological properties of
these marine fungi can be characterised.

Table 10 Growth of Calcarisporium sp. KF525, Tritirachium sp. LF562, Bartalinia robillardoides LF550, P.
pinophilum LF458, S. brevicaulis LF580 and Pestalotiopsis sp. KF079 on glucose, galactose, arabinose, fucose
and polymer substrates. The extent of growth was assessed visually and is indicated as + weak, ++ moderate, +++
good or ++++ very good. Agar only cultures were carried out as negative control. Some strains did grow on agar as
sole carbon source. (Article IV)

KF525 LF562 LF550 LF458 LF580 KF079
Glucose ++++ ++++ ++++ ++++ ++++ ++++
Laminarin ++++ ++++ ++++ ++++ ++++ ++++
Starch ++++ ++++ ++++ ++++ ++++ ++++
Cellulose +++ +++ +++ ++ ++ +++
Carboxymethyl cellulose ++ ++ +++ ++ +++ +++
Xylan (birch) +++ ++++ ++ +++ +++ +++
Xylan (Undaria) ++++ ++++ ++++ ++++ ++++ ++++
Pectin ++++ ++++ ++++ ++++ ++++ ++++
Oil +++ +++ ++++ ++ +++ ++++
Ulvan (Ulva) ++++ +++ + ++ + ++
Ulvan (Enteromorpha) ++++ +++ ++ ++ + +++
Arabinogalactan ++++ +++ ++ ++ + +++
Galactose ++++ ++++ +++ ++++ ++++ ++++
Arabinose ++ ++++ + + + ++
Fucoidan +++ +++ ++ ++ + ++
Fucose +++ ++++ +++ + ++ ++
Alginate +++ +++ ++ ++ ++ +++
Carrageenan ++ ++ ++ ++ ++ ++
Agar (no other C-source) ++ ++ + + + ++

Growth characterisations (both on solidified agar plates and in liquid media) were applied to
six marine fungi strains (Calcarisporium sp. KF525, Tritirachium sp. LF562, Bartalinia
robillardoides LF550, Penicillium pinophilum LF458, Scopulariopsis brevicaulis LF580 and
Pestalotiopsis sp. KF079). Fungal growth was evaluated as colony radial growth rate (Kr) (Fig-
ure 1 in Article IV), visually (Table 10) and as dry biomass (Figure 11). It should be noted that
Kr value only represents the rate the colony expand on the surface. It does not necessarily
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correlate with fungal growth rate [142]. How fungal colonies expand on agar plates is strain
specific. For the current cross species comparison, visual examination is necessary to evaluate
the densities of the hyphae on solid surfaces. The common solidifying agent, agar, was used to
generate all solid media in petri dishes. So, media containing only agar and no other carbon
source were set as negative controls. However, some strains did grow on agar as sole carbon
source (Table 10, Figure 11), therefore the extent of growth on other carbon sources presented
in Table 10, should be subtracted by the extent of growth on agar only for the same strain.
When the visual evaluation on solid media was ambiguous, liquid cultivations with some (sol-
uble) substrates in shake flasks were carried out. Agar was not used as negative control in liquid
cultures, but both agar and glucose were still included in liquid cultivations for reference (Fig-
ure 11). The fungal biomass generated in liquid cultures can be determinedmore accurately by
dry weight than by visual evaluation.
The six strains share some common growth characteristics. The growth characterisation

demonstrated that all six marine fungal strains were able to hydrolyse certain protein, starch,
ß-glucan, xylan, pectin and lipid. This hints towards the presence of protease, amylase, glu-
canase, xylanase, pectinases and lipase and their ability to metabolise the resulting hydroly-
sates. For most strains, growth on laminarin and starch was comparable to that on glucose
(Table 10, Figure 11), except that KF079 did not grow on glucose in liquid medium (Figure 11).
The results indicate that high activity amylases and glucanases might be produced by all
strains. Though all six strains can grow on cellulose or carboxymethyl cellulose (CMC, Table
10), the extent of growth can be judged as weak. They seem not able to hydrolyse cellulose
efficiently.
All strains except P. pinophilum LF458 were able to grow on sulphated arabinogalactan in

both solid and liquid medium (Table 10, Figure 11). However, only Tritirachium sp. LF562
could grow on arabinose (Table 10). This result and the results from the growth on cellulose,
suggest that though some of these marine fungi cannot catabolise certain carbohydrates, they
can still hydrolyse parts of the polymers and grow. The opposite relationship was observed
from fucose and fucoidan. All six strains appeared able to use fucose as a carbon source (Table
10). However, they did not grow on sulphated fucoidan, though the presence of fucoidan in the
solid medium promoted colony expansion (high Kr, Figure 1 in Article IV).
Only Calcarisporium sp. KF525 produced biomass from the sulphated galactans, agar and

carrageenan. Agarases and carageenases production by bacteria have been investigated [60],
but there are few reports of these activities from filamentous fungi [57].
Several strains (especially S. brevicaulis LF580) grew on both sources of ulvan, indicating

that they may be a source for novel ulvan and glucuronan lyases or hydrolases. However, the
limited growth observed on ulvan suggests that the hydrolytic activities are low, or that these
strains do not have complete pathways for its degradation. Calcarisporium sp. KF525, S.
brevicaulis LF580 and Tritirachium sp. LF562 produced biomass from alginate. Although
most studies of alginate lyases have focused on those obtained from marine bacteria [60], al-
ginate lyase activity has also been observed inmarine isolates ofA. oryzae [58] andDendryphi-
ella salina [59].
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Figure 11 Fungal biomass produced from carbon sources derived from macro-algae after 7 days of cultivation.
Asterisks indicate values which differ significantly (p < 0.05) from the amount of biomass present in flasks which
received no carbon source. (Article IV)

Marine fungi clearly produce some interesting hydrolytic activities and should be considered
as more than just providers of novel lignocellulolytic enzymes. More in depth study of the en-
zymes from marine fungi, as well as from bacteria, is needed to identify novel activities and
enzymes with novel properties. Although the native hosts of aquatic origin may grow slowly
and secrete only small amounts of these enzymes, the genetic sequences can be transferred to
other more productive hosts to achieve higher productivity.
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4. Conclusions and prospects

Examples of photosynthetic and non-photosynthetic aquatic microorganisms were success-
fully characterised through lab-scale cultivations of different conditions. Though it is species
specific, some of the physiological information of these aquatic microorganisms can be applied
to improve their bioprocess development respectively. The goal of gaining physiological insight
of the photosynthetic microorganisms to improve their application in biotechnology has been
largely met. The lipid producer, C. protothecoides, simultaneously displayed high lipid content
and high specific growth rate in continuous cultures. E. gracilis produced a range of valuable
cell components, and some of them can be enriched by changing culture conditions. Photosyn-
thetic aquatic microorganisms can fix CO2. However, the provision of light remains a bottle-
neck for process intensification. Mixotrophy could be a reasonable compromise. Among non-
photosynthetic aquatic microorganisms, the relatively less studied group, marine fungi,
showed the capacity of degrading various polymers, including both aquatic and terrestrial bi-
omass originated. Steady progress was made towards optimising calcaride-A production in
Calcarisporium sp., and the successful scale-up to a litre scale bioreactor cultivation will allow
calcaride-A purification for further bioactivity research. Unfortunately, the results from this
research alone will not lead to immediate bioprocess development of themarine fungal species
investigated.

4.1 Mixotrophic lipids production from C. protothecoides

C. protothecoides produced biomass containing up to 57% lipids in nitrogen limited mixo-
trophic and heterotrophic continuous cultures. Stable continuous mixotrophic cultures of C.
protothecoides, achieved relatively high growth rate, while maintaining satisfactory lipid con-
tent. This success demonstrated that to promote lipid accumulation in C. protothecoides, two-
phase batch or fed-batch cultivations (nitrogen rich growth phase followed by nitrogen de-
pleted lipid synthesis phase) [143] are not the only strategies applicable. Because C. protothe-
coides is able to store both carbon and nitrogen, the stoichiometry of the elementary require-
ment for both nutrients are elastic, hence it is possible to run continuous cultures with nitrogen
and carbon co-limitation. These results will encourage more microalgal cultivations to be con-
ducted in continuousmode. Continuous operation alone would improve the productivity of the
process, by reducing the turnaround time and maintaining the process at the optimum. How-
ever the optimum conditions for outdoor phototrophic and mixotrophic cultures are not con-
stant, due to the daily and seasonal variations of light condition and temperature. Never the
less, like in classic chemical processes, continuous cultures would allow a greater degree of
control to cope with the fluctuations of the natural conditions than batch cultures.
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At least for compensating the light variation, mixotrophy provides a solution to maintain
stable continuous C. protothecoides cultures. If cheap waste organic carbon sources are avail-
able for some locally specific processes, the lipid production process of C. protothecoideswould
be considered as a waste management strategy. Encouragingly, in mixotrophic C. protothe-
coides cultures, themicroalgal cells tend to use available light energy (cannot be saved for later
consumption) as much as possible through photosynthesis, and the heterotrophic growth on
organic energy sources (still available to them if not used) is independent from the status of
photosynthesis or light. If the mixotrophic cultures are severely limited by nitrogen or other
non-carbon nutrients, photosynthesis takes priority over organic carbon assimilation. This
would keep the carbon efficiency of organic substrate high in mixotrophic cultivation pro-
cesses.
To achieve the full potential of C. protothecoidesmixotrophy, the cultivation process has to

be carefully designed and tuned. The level of the control required for regulating all the im-
portant parameters means the capital cost of such production plants would be considerably
high. Depending on the availability of suitable organic carbon feed stream, not all sites would
be suitable for lipid production through mixotrophic microalgal cultivations. A thorough and
realistic techno economic analysis is absolutely essential for any large-scale process.

4.2 Biorefinery of E. gracilis biomass

Major components of E. gracilis biomass have been confirmed to be carbohydrates (mainly
paramylon), proteins (including the pellicle) and lipids (containing high proportion of PUFA).
Though within the conditions tested in this thesis, no clear production process can be formu-
lated on any single cell component of E. gracilis, the wide range of valuable cell components,
combined with the capability of growing in wide range of conditions, make E. gracilis biomass
an attractive product of nutritional applications.
E. gracilis grew rapidly at the range of tested temperatures (23 – 30 °C). Though specific

growth rate was higher near the optimum of 30 °C, the overall photoautotrophic growth rates
of E. gracilis cultures are more affected by the light availability than by temperature. The pro-
vision of light cannot be linearly scaled up by increasing light intensity onto the cultures, since
shading among the cells takes place in all cultures, and becomes more burdensome in higher
cell density cultures. This emphasized the challenge of achieving high cell density in photoau-
totrophic cultures of E. gracilis. LikeC. protothecoides, E. gracilis is mixotrophy capable. Mix-
otrophic cultivations of E. gracilis share the same benefits discussed previously for C. proto-
thecoides cultures. Many carbon sources can be used for mixotrophic E. gracilis, only the up-
take of glucose would experience inhibition by light.
In mixotrophic cultures, where organic carbon source can provide the carbon and energy

source for cellular components synthesis, the presence of light and its intensity greatly affect
the cellular composition of E. gracilis. Light promoted the accumulation of both saturation
and unsaturated fatty acids. Though the increase of overall light intensity did not increase the
lipid content of E. gracilis biomass, the increased growth rate and cell density improved volu-
metric lipid production. The cell lipid content was affected by temperature. The cells grown at
high light intensity and low temperature accumulated the most omega-3 fatty acids. Providing
organic carbon source to photoautotrophic cultures of E. gracilis especially promoted ALA
synthesis. Since ALA was themost abundant unsaturated fatty acid in E. gracilis cells, the pro-
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portion of unsaturated fatty acids increased as a result of mixotrophy. However, photoauto-
trophic cultures sill produced the highest proportion of saturated fatty acids. The response of
each major cell component of E. gracilis to different cultivation conditions, provided essential
input information for bioprocess development focusing one or more of these components as
products.
In all scenarios, since E. gracilis biomass always contains multiple components of value, well

designed downstream separation processes are crucial to preserve and separate all potential
products. High value products, like paramylon derived -1,3-glucan, are already marketed as
health supplements.More specialisedE. gracilis products are expected to follow. Potential new
target products from E. gracilis are being identified by transcriptomics [102]. E. gracilis cell
components obtained in aerobic conditions are all either essential nutrients or compounds that
promote human and animal health. Dried E. gracilis whole cells and E. gracilis extracts are
already on the market (sold by companies like Euglena Ltd [30]. Algaeon Inc. and Algal Scien-
tific Corporation).

4.3 Bioprocess development from the less known and unknown

The interest of bioprocess development for these less known and even unknown microorgan-
isms is just starting to take shape. This is particularly true for marine fungi, whose roles in
marine ecology are still not completely understood by us.
The six marine fungi investigated in this study demonstrated the hydrolytic activities corre-

sponding to protease, amylase, glucanase, xylanase, pectinases and lipase. They cannot grow
well on cellulose, which indicating cellulase or endoglucanase cannot be efficiently produced
by these strains. Several interesting hydrolytic activities were identified from these marine
fungi. Calcarisporium sp. KF525 produced biomass from the sulphated galactans, alginate,
agar and carrageenan. This suggest it can hydrolyse carbohydrate polymers of macroalgae
origin. That role has been traditionally attributed tomarine bacteria, few reports demonstrated
agarases and carageenases production from filamentous fungi [57]. S. brevicaulis LF580 and
Tritirachium sp. LF562 can also hydrolyse alginate.
From only six strains, we can already demonstrate the novel hydrolytic activities presented

by marine fungi. These include the group of enzymes usually not being produced by typical
filamentous fungi isolated from terrestrial habitats. The enzymes from marine fungi that are
shared with their terrestrial counterparts may have different properties, like salt tolerance, pH
and temperature optimums. More in depth study of the enzymes frommarine fungi, as well as
from bacteria, is still needed to identify more novel activities and enzymes with novel proper-
ties. Hopefully with improved physiological understanding of the host marine microorgan-
isms, more production processes will be developed for novel enzymes.
Besides the unfamiliarity, the already understood physiology of marinemicroorganismsmay

pose additional challenges for bioprocess development. Take the promising strain of Cal-
carisporium sp. KF525, it displayed encouraging potential of producing alginate lyase,
agarases and carageenases, it can also produce calcaride-A, an anti-bacteria secondary metab-
olite. However, it grows slowly, often cannot reach high cell density and is almost a psychro-
phile, none of which is a desirable merit for an industrially used microorganism. The thesis
demonstrated that through physiological characterisation, these drawbacks can be mitigated
to some extent.
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Calcaride production by Calcarisporium sp. KF525 was successfully scaled-up from flasks to
a stirred tank bioreactor. Nearly no production of calcaride-A was obtained in bioreactors in
the first attempt, but better understanding of the strain led to a calcaride-A concentration of
85 mg L-1 (more than 200 fold increase). The crucial physiological conditions that favour
KF525 growth and calcaride-A production are relatively low pH (< 5.5), specific carbon
sources, nitrogen limitation and the morphology of filamentous state. However, the improved
production level from lab-scale bioreactor is still slightly lower than the titer obtained from
shake flask scale (100 mg L-1), though the volumetric productivity of calcaride-A was higher in
bioreactor culture than in flasks. More thorough metabolic characterisation will be needed to
explain this discrepancy. The productivity and titer of calcaride-A still need to be vastly im-
proved to be considered for further scale up.
This example also showed one of the drawbacks of the current bioactive compound screening

efforts. When the investigators typically apply only on one (usually glucose) or a few carbon or
nitrogen sources in limited conditions, the possibility of overlooking certain properties from
certain strains is very high. Perhaps the organisms, deviate themost from the typical screening
conditions, present the most novel bioactivities.
Understandably, not all aquatic microorganisms (even proved to be non-pathogenic) will be

suitable for bioprocess applications, the key pathways would have to be transferred to a fast
growing host to achieve the productivity required for viable industrial biotechnology. However,
physiological characterisation is still need to evaluate the bioprocess suitability of the micro-
organisms.

4.4 Future perspectives of industrial application of aquatic microorganisms

To expand the application of aquatic microorganisms in biotechnology industry, successful ex-
amples are important for attracting more interest and investment. This thesis provides several
potential candidates for bioprocess development.
Among the existing bioprocesses using photosynthetic microorganisms, suitable solutions

for increasing the cell density and growth rate of photosynthetic aquatic microorganisms will
make processes like mass cultivation of microalgae economically more feasible and expand
chemical compounds produced by photosynthetic microorganisms. In addition to physiologi-
cal investigation and metabolic engineering of photosynthetic microorganisms, the innovation
of photobioreactors will play an important role as well.
For non-photosynthetic aquatic microorganisms, the research is current mostly consist of

discovery and identification. To explore the full potential of aquatic microorganisms, a system-
atic higher throughput approach is still needed. The classical snapshot type of screening seems
not sufficient enough; due to the complexity of the physiology of most aquatic microorganisms
the cell composition and enzyme activities vary with the screening conditions.
To date, all our tools for studying microorganisms are developed for the organisms that we

know. The solidified agar has been a popular and powerful media base to investigate microor-
ganisms, but it is proven not so suitable for studying microorganisms that can use it as carbon
source. It is highly likely that stirred tank bioreactors are not the best reactor type to study
some aquatic microorganisms. Cultivation process optimization based on the understanding
of their physiology (like the case of calcaride-A production from Calcarisporium sp.) often can
improve the growth rates and productivities. However, not all microorganisms can be culti-
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vated using currently available technology. Therefore, it remains an option to transfer meta-
bolic pathways from aquatic microorganisms to more known production hosts, most likely ter-
restrial microorganisms.
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